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ABSTRACT 
Biosensors detect target analytes through specific binding with biological recognition 
elements such as nucleic acids, enzymes, and antibodies.  Many labs are working to create 
inexpensive and portable miniaturized sensors that allow for rapid sample analysis and low 
reagent consumption in order to increase biosensor accessibility in rural areas and third world 
countries.  Lab-on-a-chip devices aim to incorporate sample preparation and analyte detection 
into one device in order to create self-contained sensors that can be used in rural areas and third 
world countries where laboratory equipment may not be available. Often, these devices 
incorporate microfluidics in order to shorten reaction times, reduce handling of hazardous 
samples, and take advantage of laminar flow [1].  However, while several successful lab-on-a-
chip devices have been developed, incorporating sample preparation and analyte detection within 
one device is still a key challenge in the design of many biosensors. Sample preparation is 
extremely important for miniaturized sensors, which have a low tolerance for sample impurities 
and particulates [1]. In addition, significant sample concentration is often required to reduce 
sample volumes to the nL to mL range used in miniaturized sensors. This research aims to 
address the need for sample preparation within lab-on-a-chip systems through the use of 
functionalized electrospun nanofibers within polymer microfluidic devices.  
Electrospinning is a fiber formation process that uses electrical forces to form fibers with 
diameters on the order of 100 nm from polymer spinning dopes [2, 3]. The non-woven fiber mats 
formed during electrospinning have extremely high surface area to volume ratios, and can be 
used to increase the sensitivity and binding capacity of biosensors without increasing their size. 
Additionally, the fibers can be functionalized through the incorporation of nano and microscale 
materials within a polymer spinning dope. In this work, positively and negatively charged 
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nanofibers were created through the incorporation of hexadimethrine bromide (polybrene) and 
poly(maleic anhydride) (Poly(MA)) within a poly(vinyl alcohol) spinning dope. Fourier 
transform infrared spectroscopy (FTIR) and X-ray photoelectron spectroscopy (XPS) confirmed 
the successful incorporation of polybrene and poly(MA) into the nanofibers.  
Gold microelectrodes were patterned on poly(methyl methacrylate) (PMMA) to facilitate 
the incorporation of nanofibers within microfluidic devices. The gold microelectrodes served as 
grounded collector plates during electrospinning and produced well-aligned nanofiber mats.  
Microchannels 1 mm wide and 52 µm deep were imprinted into PMMA through hot embossing 
with a copper template. PMMA pieces embossed with microchannels were bonded to PMMA 
pieces with gold microelectrodes and nanofibers using UV-assisted thermal bonding.  
Positively charged polybrene-modified nanofibers were shown to successfully filter 
negatively charged fluorescent liposomes out of a HEPES-sucrose-saline buffer, while 
negatively charged poly(MA)-modified nanofibers were shown to repel the liposomes. The effect 
of nanofiber mat thickness on liposome retention was studied using the z-scan function of a 
Leica confocal microscope. It was determined that positively charged nanofibers exhibited 
optimal liposome retention at thicknesses of 20 µm and above. Negatively charged nanofiber 
mats over 40 µm thick retained liposomes due to their small pore size despite their surface 
charge. Finally, it was demonstrated that a HEPES-sucrose-saline solution of pH 8.5 could be 
used to change the charge of the positively charged polybrene nanofibers and allow for the 
release of previously bound liposomes.  
The results of this study can be used to design lab-on-a-chip devices capable of 
performing all sample preparation and analyte detection in one miniaturized microfluidic sensor. 
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In addition, other nanofiber surface chemistries can be studied to create more specific sample 
filtration and allow for immobilization of biological recognition element.
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CHAPTER 1 
Recent Progress in the Design of Nanofiber-based Biosensing Devices 
Abstract 
This review addresses recent progress made in the use of nanofibers for analyte detection 
and sample preparation within analytical devices. The unique characteristics of nanofibers make 
them ideal for incorporation within sensors designed to allow for sensitive detection of clinical, 
environmental, and food safety analytes. In particular, the extremely large surface area provided 
by nanofiber mats and arrays drastically increases the availability of immobilization sites within 
biosensors. Additionally, nanofibers can be made from a variety of biocompatible materials and 
can be functionalized through the incorporation of nanoscale materials within spinning dopes or 
polymerization solutions. Finally, methods of nanofiber formation are largely well understood, 
allowing for controlled synthesis of nanofiber mats with specific sizes, shapes, pore sizes, and 
tensile strengths. In this paper, we present a survey of the different materials that are currently 
being used to produce nanofibers for use within sensing devices. In addition, we compare the 
limits of detection and linear ranges of nanofiber-based sensors and conventional sensors to 
determine if detection is improved by the inclusion of nanoscale materials.  
1. Introduction  
Materials with dimensions on the nanoscale (nanomaterials) are increasingly being 
integrated within analytical systems to allow for the detection of low concentrations of analytes 
without complicated amplification processes such as polymerase chain reaction (PCR) and 
nucleic acid sequence base amplification (NASBA) [4-6].  One of the main advantages of 
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nanomaterials is their extremely high surface area to volume ratio, which increases the number 
of binding sites available for biological recognition element immobilization. In addition, the use 
of nanomaterials can result in faster mass transfer rates, resulting in lower limits of detection and 
faster analyte detection rates than those seen in conventional sensors [5]. Several groups have 
demonstrated the successful fabrication of sensitive biosensors using one-dimensional 
nanostructures such as carbon nanotubes and single nanowires [7-9]. These sensors utilize the 
fast mass transfer and large surface areas provided by the nanomaterials, but can exhibit high 
background noise and variable signals [5]. In addition, the reproducible synthesis of carbon 
nanotubes and wires is often difficult and many fabrication processes have poor control over the 
size, shape and densities of the materials produced [4, 7].  Consequently, many nanomaterial-
based biosensors have variable signals, making them ill-suited for commercialization. In order to 
address these limitations, nonwoven nanofiber mats and arrays are being examined as 
alternatives to one-dimensional nanostructures [5]. A unique advantage of nanofiber mats and 
arrays is that their entire surface area can easily be functionalized with nanoscale materials due 
to the presence of oxygen-containing activated sites on the nanofiber surfaces [4]. On the other 
hand, carbon nanotubes have a closed shell structure that limits how they can be functionalized 
[8]. This is due to the fact that adsorption and covalent immobilization are only possible at the 
open ends of nanotubes. Functionalizing the sides of carbon nanotubes is more complicated and 
requires oxidation and chemical modification of the nanotube walls [8].  
Nanofibers can be produced by a variety of methods, including electrospinning, 
interfacial polymerization, and catalytic synthesis [10]. These processes are generally well-
understood and allow for controlled synthesis of nanofibers with specific sizes, shapes, tensile 
strengths, and chemical functionalities [10, 11]. Nanofibers can also be made out of several  
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materials that exhibit high chemical stability and biocompatibility, allowing them to be used in a 
variety of conditions and with a variety of analytes [12].   
Electrospinning is a nanofiber synthesis method that has been used for over 75 years [13]. 
During electrospinning, electrical forces are used to 
form ultrathin fibers from polymer spinning dopes [10, 
11]. The fibers formed during electrospinning have 
diameters on the order of 100 nm, though smaller fibers 
can be produced [11, 14]. A typical electrospinning 
apparatus consists of a spinneret (typically a syringe) 
containing the polymer spinning dope, a pump, a high 
voltage source, and a grounded collector plate (Figure 
1.1). During electrospinning, the pump is used to 
slowly push the polymer solution out of the spinneret. The tip of the spinneret is attached to a 
Figure 1.2 Confocal microscopy 
image of Poly(vinyl alcohol) 
electrospun nanofibers  
Figure 1.1 A basic electrospinning apparatus 
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high voltage power source in order to confer a constant charge on the polymer solution. When 
subjected to an electrical force, the polymer solution will form a cone, called a Taylor cone, at 
the tip of the spinneret [11, 15].  The electric field strength at the tip of the cone can be 
expressing using    
  
   
 , where   is the surface tension of the spinning dope,    is the 
permittivity of the free space, and R is the radius of curvature of the cone apex [16]. A grounded 
collector plate is placed across from the spinneret, and the polymer solution accelerates towards 
the collector plate when the electrostatic forces between the collector plate and the spinneret 
overcome the surface tension at the spinneret tip [10]. After leaving the spinneret, the polymer 
solution undergoes whipping, and the solvent evaporates, resulting in a solid polymer fiber [11]. 
The nanofibers accumulate on the collector plate, forming nonwoven mats with extremely high 
surface area to volume ratios and small pore sizes (Figure 1.2) [15].  
Parameters that affect the spinnability of a polymer melt include spinning solution 
concentration, conductivity and viscosity, atmospheric temperature and humidity, feeding rate, 
and the distance between collector plate and spinneret [10, 15]. Many groups have investigated 
how these parameters affect the morphology of the nanofibers produced. Spinning dope viscosity 
is one of the most important parameters affecting the diameter of the nanofibers produced during 
electrospinning [17]. Because polymer solution viscosity is dependent on polymer concentration, 
the higher the polymer concentration the larger the nanofiber diameters become. Demir et al. 
have shown that a power law relationship can be used to model how fiber diameter will increase 
as polymer concentration is increased, with fiber diameter being proportional to the cube of the 
polymer concentration [18]. A higher polymer concentration has also been shown to result in less 
beading on the nanofiber surfaces [17].  The applied electrical voltage also has a significant 
effect on nanofiber diameter. A higher applied voltage causes more fluid to be ejected in a jet, 
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causing larger fiber diameters [18]. The polarity of the electric potential has been shown to have 
no effect on the spinning process, and fibers can be spun using both negative and positive 
potentials [16].  
Electrospun nanofibers can easily be functionalized through the incorporated of 
nanoscale materials within the spinning dope.  Conductive nanofibers are frequently fabricated 
by doping polymer solutions with carbon nanotubes or nanoparticles [12, 19]. Enzymes have 
also successfully been immobilized within nanofiber networks. Moradzadegan et al. created 
poly(vinyl alcohol) (PVA) nanofibers containing acetylcholinesterase (AChE) by electrospinning 
a melt of PVA, AChE, and bovine serum albumen (BSA) as an enzyme stabilizer [20]. The 
AChE modified nanofibers exhibited a 40% activity recovery after electrospinning. Additionally, 
the enzymes within the nanofibers had a higher stability in acidic solutions when compared to 
free enzymes. More recently, several groups have looked at the incorporation of molecularly 
imprinted polymers (MIPs) within nanofiber networks to construct high sensitivity analytical 
systems [14, 21]. Electrospun polyimide nanofibers imprinted using a diamine monomer 
template were able to bind and detect estrone with high sensitivity [21]. The electrospinning of 
molecularly imprinted nanoparticles within PVA was also able to produce nanofiber mats 
capable of differentiating between butoxycarbonyl -L-phenylalanine and butoxycarbonyl -D-
phenylalanine [14].  
 Nanofibers can be fabricated through other methods, such as interfacial polymerization 
and catalytic synthesis [10]. The fibers produced using these techniques have lengths on the nano 
to micrometer scale, making them significantly shorter than electrospun nanofibers [21]. 
Interfacial polymerization is a non-template method of fabrication in which high local 
concentrations of monomers and dopant anions at a liquid-liquid interface are used to form 
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monomer-anion aggregates [23]. These aggregates serve as nucleation sites for polymerization, 
ultimately producing nanofiber networks. Interfacial polymerization is often used in the 
production of polyaniline fibers using organic solvents such as benzene, toluene, or carbon 
tetrachloride [22, 23]. Nanofiber seeding, in which small amounts of nanofibers are added to a 
traditional polymerization solution, has been used to increase the efficiency of nanofiber 
synthesis [24]. In 2004, Zhang et al. described a method for synthesizing polypyrrole nanofibers 
by seeding a polymerization solution with 1-4 mg of 15 mm diameter V2O5 nanofibers and noted 
that the nanofiber production was increased compared to interfacial polymerization methods 
[25]. Catalytic synthesis is commonly used to fabricate carbon nanofibers [26, 27]. Vertically 
aligned carbon nanofibers were synthesized by Klein et al. using a co-sputtered catalysis method 
[26]. A Cu-Ni composition gradient was used to grow the nanofibers using plasma chemical 
vapor etch deposition, yielding fibers with various morphologies based on the percentage of Ni 
used. Toebes et al. used a silica-supported nickel catalyst to produce fishbone carbon nanofibers 
[27]. The nanofibers produced had uniform morphology and 25 nm diameters.  
 Nanofibers are increasingly being incorporated within biosensors to improve the 
sensitivity and selectivity of analyte detection. This review looks at the materials most frequently 
used to form nanofibers for use within sensing systems. We examine the advantages and 
disadvantages of each material and discuss the effects of nanofiber incorporation on sample 
preparation and analyte detection.  
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2.  Applications 
2.1 Carbon Nanofibers 
 Carbon electrodes have long been used within electrochemical biosensors because they 
are affordable, biocompatible, and have excellent electron transfer kinetics [28, 29]. Carbon 
nanomaterials, specifically carbon nanotubes, have also been integrated within electrochemical 
sensors in order to increase the sensitivity of detection [4, 7, 8, 29-32]. In particular, carbon 
nanotubes offer improved electronic properties and faster electrode kinetics when compared with 
conventional carbon electrodes [29]. The Wang group demonstrated the first use of carbon 
nanotubes within biosensors by utilizing a carbon nanotube-based electrode for the detection of 
the reversible oxidation of dopamine [29]. More recently, single walled carbon nanotubes have 
been used in the design of electrodes for nucleic acids, cancer biomarkers, neurotransmitters, 
proteins, and glucose [7, 29].  Though carbon nanotubes have successfully been used within 
biosensors, their commercial viability is currently limited by the fact that their performance is 
highly dependent on their chirality and diameter, both of which can be difficult to precisely 
control during synthesis [4, 7].  In addition, functionalizing the whole surface of carbon 
nanotubes can be difficult. Adsorption and covalent immobilization can only be used to 
functionalize the ends of nanotubes, while oxidation and chemical modification are required to 
modify nanotube walls [8].  
Due to these limitations, many labs are investigating carbon nanofibers as an alternative 
to carbon nanotubes for highly sensitive analyte detection. Carbon nanofibers have the same high 
conductivity observed in carbon nanotubes, but can provide an even larger functionalized surface 
area for the immobilization of biomolecules [33]. They can also be easily functionalized along 
their entire length due to oxygen-containing activate sites on their surfaces [4]. In general, carbon 
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nanofibers are cylindrical and consist of grapheme layers and typically have lengths on the order 
of micrometers.  
Vertically aligned carbon nanofibers (VACNFs) are frequently used to create 
nanoelectrode arrays for analyte detection [27, 34, 35].  An advantage of these fibers is that they 
can be individually grown, which allows for a high level of control over the spacing and 
morphology of VACNF electrodes. In particular, the individual nanofibers can be spaced far 
enough apart to ensure that the overlapping of radial diffusion layers of adjacent fibers is 
prevented, but close enough to make densely packed electrode bundles [36]. VACNFs can also 
be individually functionalized to create heterogeneous electrode bundles [34, 35, 37, 38]. In 
2004, Le et al. presented a method for chemically modifying densely packed VACNF electrode 
arrays with DNA, proteins, and antibodies [34]. Electrochemical reduction of nitro groups to 
amino groups on the nanofiber surfaces was used to selectively attach DNA sequences to specific 
fibers within a 500 nm diameter fiber bundle. Carbon nanotubes were also functionalized with a 
similar method, but the VACNF arrays were more densely packed.  Mcknight et al. 
demonstrated a method of heterogeneous functionalization of VACNF arrays using photoresist 
blocking [35]. The VACNFs in this study were functionalized with gold, conductive polymers, 
DNA, and biotin to allow for the capture of enzyme and quantum-dot-conjugated streptavidin. 
Baker et al. developed a method of functionalizing nanofibers through reaction with liquid-phase 
molecules containing alkene groups [37,38]. Nanofiber arrays modified with primary amines, 
carboxylic acid groups and alkyl groups were developed. These arrays were successfully used to 
immobilize cytochrome c for a colorimetric assay [39].   
In general, though vertically aligned carbon nanofibers could theoretically provide a 
larger functionalized surface area than carbon nanotubes, the current standard is to utilize a 
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matrix to immobilize VACNFs so that only their open ends are exposed on the electrode surface 
[36]. This immobilization serves two purposes. First, it prevents the nanofibers from collapsing 
upon contact with assay liquids. In addition, exposing only the VACNF ends reportedly 
increases the sensitivity of the sensors and reduces the occurrence of background “leakage” 
currents [36]. Consequently, the use of carbon nanotubes and VACNFs are not significantly 
different in terms of surface area and functionalization. In addition, the reproducible fabrication 
of VACNF arrays with uniform fiber heights and densities remains a key challenge to their 
widespread use, just as with carbon nanotube arrays. Several groups have demonstrated that the 
signals produced by nanofiber arrays are highly dependent on uniform array morphology [36, 
40]. In 2009, Arumugam et al. attempted to limit variations in nanofiber density by using 
electron beam patterning on catalyst dots to produce VACNF arrays [30]. The group successfully 
reduced variations in fiber densities, and was able to successfully detect target DNA from E.coli 
O157:H7. However, signal variations attributed to differences in fiber heights were still 
observed. The group was later able to address the variations in fiber height through the 
development of an improved electron beam deposition procedure that allowed for the creation of 
a reproducible electrochemical sensor for the 16 rRNA gene from E.coli O157:H7 [40]. Despite 
these advances, several improvements to VACNF electrode design need to be made before they 
can outperform carbon nanotubes and be used in commercial devices, including improvements to 
material preparation, probe chemistry, and signal transduction [40]. 
More often described is the use of carbon nanofiber mats to modify electrodes for use 
with electrochemical biosensors [4, 33, 47] similar to other chemical and polymer modifications 
frequently used in electrochemistry [41]. These nanofiber films increase the surface functionality 
of the electrodes and can increase the sensitivity of detection for a variety of different analytes 
Figure 3. A comparison of VACNF electrodes (top) and 
Nanofiber composite film electrodes (bottom) 
VACNFs 
Glassy Carbon 
Electrode 
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without increasing biosensor size [33, 42, 43, 47]. Glucose oxidase has been successfully 
immobilized on carbon nanofiber-modified electrodes to produce high sensitivity glucose 
biosensors [4, 44]. In 2006, Vamvakaki examined different types of carbon nanofibers to 
determine which were most appropriate for glucose biosensing systems [4]. Their research 
indicated that graphitized carbon fibers (GFE) had exceptional enzyme loading properties and 
remarkable stability. The GFE fibers were produced by heat treating basic carbon nanofibers at 
3000 ºC and consist of graphene layers arranged in a reversed saw-tooth morphology. The 
nanofibers were modified with glucose oxidase and maintained their initial activity after 100 
hours of continuous operation.   
When used to modify an electrode, the larger functional surface area of carbon nanofibers 
can be taken advantage of and improve performance when compared with carbon nanotubes. Wu 
et al. created an electrochemical glucose sensor using carbon nanofibers modified with glucose 
oxidase and nafion [44]. The immobilization of oxygen-containing groups on the surface of 
carbon nanofibers was compared to the immobilization of the same groups on carbon nanotubes 
and the authors report that there were twice as many functional groups on the fibers than on the 
nanotubes [44]. The sensor had a liner range of 10-350 µM and a limit of detection of 2.5 µM. Its 
sensitivity was five times higher than many previously reported glucose sensors, including a 
similar glucose oxidase/titania sol-gel sensor, which had a limit of detection of 70 µM [46]. In 
addition, the sensor was resistant to interference from a clinically relevant concentration of 
ascorbic acid (0.08 mM). The concentration of uric acid in human serum samples is generally 
between 0.18-0.42 mM [45]. Therefore, though the carbon nanofiber sensor was not affected by 
the interference of 0.08 mM of uric acid, a higher concentration needs to be tested to be truly 
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clinically relevant. However, the sensitivity and stability of the glucose sensor is promising for 
detection of glucose in clinical samples.  
In 2009, Zhang et al. reported an amperometric sensor for phenol detection using a 
polyaniline-ionic liquid carbon nanofiber composite [47]. The composite was formed through 
electropolymerization of aniline and carbon nanofibers in an ionic liquid. The polyaniline was 
shown to grow along the carbon nanofibers, resulting in a composite film with fibrillar 
morphology (95 nm diameter). The composite was used to modify a glassy carbon electrode and 
was functionalized through the immobilization of tyrosinase on the nanofiber surfaces. The high 
surface area of the nanofiber film showed a higher tyrosinase immobilization capacity than 
previously reported devices. The biosensor had a large linear response to catechol detection, 
ranging from 4.0 x 10
-10 
to 2.1 x 10
-6
 M and a limit of detection of 0.1 nM, making it more 
sensitive than other catechol sensors that do not employ nanofiber mats [48].  The sensor was 
unaffected by interference from 3 µM ascorbic acid, 30 µM uric acid, and 30 µM caffeine, which 
is promising for phenol detection in real samples. 
Thionine-carbon nanofibers have been used to create an amperometric ethanol sensor 
[33]. Electrochemical polymerization was used to form a thionine/carbon nanofiber composite on 
an electrode surface. The nanofiber film was functionalized with alcohol oxidase and was used to 
detect ethanol through the reduction of dissolved oxygen. The sensor had a limit of detection of 
1.7 µM, which is significantly lower than the 6.26 mM observed in alcohol oxidase 
immobilization in electrochemically deposited resydrol films [33].  
Wu et al. have reported an amperometric immunosensor for the detection of carcinoma 
antigen 125 (CA125) using horseradish peroxidase-labeled carbon nanofibers [42]. The 
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immobilized horseradish peroxidase exhibited good enzymatic activity towards the oxidation of 
thionine by hydrogen peroxide. The nanofiber-modified biosensor did not require an electron 
transfer mediator and therefore required fewer incubation and washing steps than conventional 
CA125 sensors. The device was used to successfully detect CA125 in standard solutions with a 
large linear range (2-75 U/mL) when compared with previously developed sensors, and a 
detection limit of 1.8 U/mL [47]. CA125 detection in serum samples was also carried out and 
demonstrated comparable results with a commercial electrochemiluminescent assay.  
Carbon nanofibers have successfully been used within electrochemical biosensors for a 
variety of analytes. Vertically aligned carbon nanofibers, which can serve as bundles of 
nanoelectrodes, have been shown to increase the sensitivity of analyte detection when compared 
with biosensors that do not utilize nanomaterials. However, they are currently plagued by the 
same variable synthesis as carbon nanotubes. In addition, the current method of exposing only 
the tops of VACNFs fails to take advantage of the high functionalizable surface areas of 
nanofibers.   Carbon nanofibers have also been used to increase the surface area and functionality 
of electrodes.  In these applications, nanofibers have successfully been used to increase the 
number of functional sites when compared to nanotubes or non nanoscale materials. Biosensors 
utilizing carbon nanofibers improved the sensitivity of biosensors for glucose, catechol, and 
ethanol. In addition, the nanofibers dramatically increased the linear range for CA125 detection 
(Table 1.1).  
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Table 1.1 Comparison of linear range and limit of detection for nanofiber-based and 
conventional biosensors 
 
Sensor Materials Analyte Linear Range Limit of 
Detection 
Reference 
Carbon Nanofibers Glucose 10-350 µM 2.5 µM Wu et al. 
2007 [44] 
GOx/titania sol-gel Glucose 70-15,000 µM 70 µM Yu et al. 2003 
[46] 
Polyaniline/carbon 
nanofiber composite 
Catechol 4.0 x 10
-4
 – 2.1 
µM 
0.0001 µM Zhange et al. 
2009 [47] 
Polyaniline/polyphenol 
oxidase film 
Catechol 2.5 -140 µM 0.05 µM Tan et al. 2011 
[48] 
Thionine/carbon 
nanofibers 
Ethanol 2.0 – 252 µM 1.7 µM Wu et al.  
2007 [33]    
Resydrol film Ethanol Not reported 6,260 µM Lyudmyla et 
al. 2006 [49] 
Peroxidase-labeled 
carbon nanofibers 
CA125 2-75 Units/mL 1.8 
Units/mL 
Wu et al. 
2007 [42] 
Peroxidase film CA125 2-14 Units/mL 1.29 
Units/mL 
Dai et al. 
2003 [50] 
 
 
2.2 Polyaniline Nanofibers 
 Conductive polymers, like polyaniline (PANI), are frequently used as immobilization 
matrices for enzymes within electrochemical biosensors [51].The PANI matrix provides a porous 
medium for immobilization and facilitates electron transfer between enzymes and electrodes. 
PANI nanostructures have also been successfully utilized in electrochemical biosensors [52].  
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Berti et al. utilized PANI nanotubes to modify an electrode surface through electrochemical 
polymerization with alumina nanoporous membranes as a mold. These nanostructures were 
grafted with molecularly imprinted polymer receptors to create a catechol biosensor [52]. Nano-
structured polyaniline films have also successfully been used to immobilize glucose oxidase to 
facilitate electrochemical detection [53]. 
 Polyaniline nanofibers are also frequently used to increase the sensitivity and 
conductivity of electrochemical biosensors [54-53]. Compared to conventional PANI materials, 
PANI nanofibers have the advantage of being inexpensive, easy to produce, and have a much 
larger surface area [54]. However, PANI’s redox activity is generally restricted to acidic 
environments, limiting its use in biological systems, which frequently are neutral pH 
environments [55]. Therefore, self-doped polyaniline (SPAN) is also utilized within nanofibers. 
SPAN is produced through copolymerization of aniline and m-aminobenzenesulfonic acid in an 
aqueous solution and features better activity and stability at neutral pH [56, 58].  Additionally, 
SPAN is more hydrophilic than polyaniline and can be easily functionalized with oxygen-
containing groups [58].  
 Polyaniline nanofibers are often used to modify glassy carbon electrodes for enzyme 
immobilization because of their conductivity and electroactivity. In particular, hydrogen 
peroxide sensors utilizing PANI nanofibers have recently gained significant attention.  In 2009, 
Du et al. described a simple electrode modification method in which a mixture of PANI/chitosan 
nanofibers and horseradish peroxidase were dropped onto a glassy carbon electrode to produce a 
hydrogen peroxide biosensor [54]. The nanofibers were fabricated using interfacial 
polymerization with 4-toluenesulfonic acid as a dopant. The PANI nanofibers were dispersed in 
a chitosan solution to improve nanofiber stability. The immobilized horseradish peroxidase was 
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shown to keep its native activity and successfully reduced H2O2. The device had a wide linear 
range of 1 x 10
-5
 to 1.5 x 10
-3
M and a low limit of detection of 5 x 10
-7
 M.  Recently, Chen et al. 
incorporated gold nanoparticles within SPAN nanofibers and immobilized horseradish 
peroxidase on the nanofiber surfaces to create a sensitive H2O2 sensor [56]. The gold 
nanoparticles served to increase the conductivity and biocompatibility of the SPAN nanofibers. 
The increased number of enzyme immobilization sites resulted in increased electrocatalytic 
activity in the reduction of H2O2 in the presence of hydroquinone. The sensor was used for 
successful detection of H2O2 in real contact lens solution samples and results were comparable to 
those obtained by conventional potassium permanganate titration. These two PANI nanofiber 
biosensors allowed for sensitive detection of hydrogen peroxide, but their performance was not 
better than a similar PANI/nanotube sensor (table 1.2).  However, when compared to a sensor 
composed of a thin polyaniline film on a platinum disc electrode, the PANI nanofiber sensors 
had a dramatically lower limit of detection [59]. This demonstrates the benefits of the larger 
surface area provided by nanomaterials such as nanofibers and nanotubes.  
 Polyaniline nanofibers have also been used to increase the sensitivity of DNA detection 
[6, 55, 57]. In 2011, Wang et al. utilized three-step electrodeposition to create self-doped 
polyaniline nanofibers patterned with Au microspheres [55]. The nanofibers were used to modify 
a glassy carbon electrode in order to detect a gene fragment from the cauliflower mosaic virus 
255 gene. The limit of detection observed (1.9 x 10
-14
 M) was lower than previously reported 
non-nanofiber based DNA sensors [61]. ZrO2 microparticles have also been used to create SPAN 
nanofiber membranes for DNA sensing on glassy carbon electrodes [57]. An ssDNA sequence 
was immobilized to the ZrO2/SPAN/electrode surface to allow for the detection of target DNA.  
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Table 1.2 Comparison of PANI sensors for hydrogen peroxide 
Sensor Materials Analyte Linear Range Limit of 
Detection 
Reference 
Polyaniline 
nanofiber/chitosan 
film 
Hydrogen 
Peroxide 
10 - 1500 µM 0.5 µM Du et al.  
2009 [54] 
Polyaniline 
nanotube/chitosan 
nanocomposite 
Hydrogen 
Peroxide 
1.0 – 2200 µM 0.5 µM Wang et al.  
2009 [60] 
Gold 
nanoparticle/SPAN 
nanofiber 
Hydrogen 
Peroxide 
10 – 2000  µM 1.6 µM Chen et al. 
2011 [56] 
Polyaniline film Hydrogen 
Peroxide 
250 – 5,000 µM 250 µM Mathebe et al. 
2004 [59] 
 
The ZrO2 microparticles have a high affinity for the oxygen containing groups on the nanofibers 
and therefore could be electrochemically deposited on nanofiber surfaces using cyclic 
voltammetry.  The sensor also demonstrated a very low limit of detection (3.4 x 10
-13
 M) and 
specificity for target DNA and did not detect one base pair mismatch DNA sequences or non-
complementary DNA. Spain et al. also demonstrated DNA detection using PANI nanofibers 
modified with gold nanoparticles on a gold electrode surface [6]. This device utilized the enzyme 
immobilization properties of PANI to immobilize horseradish peroxidase on the surface of the 
nanofibers. The nanoparticles were used to immobilize ssDNA complementary to a target strand 
of DNA from Staphylococus aureus. Hybridized target DNA was detected using the reduction of 
hydroquinone to mediate electron transfer to bound horseradish peroxidase. The device was able 
to successfully differentiate between S. aureus and S. epidermis, indicating a low false positive 
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rate that makes it a promising option for detection in real samples. In addition, the sensitivity of 
detection was 40-fold greater than detection using a bare electrode surface [6].  
The successful incorporation of PANI and SPAN nanofibers within DNA sensors shows 
great promise for the development of highly sensitive genetic sensing. The increased surface area 
provided by the nanofibers resulted in a dramatic increase in the linear range when compared to 
non-nanofiber based sensors (Table 1.3). In addition, the limits of detection for PANI and SPAN 
nanofiber sensors were significantly lower than their conventional counterparts.  
 
Table 1.3 Comparison of polyaniline nanofiber and polyaniline matrix DNA biosensors 
Sensor Materials Analyte Linear Range Limit of 
Detection 
Reference 
SPAN nanofiber/ Au 
microscphere 
Cauliflower 
mosaic virus 
1.0 x 10
-7
 – 1.0 
µM 
1.9 x 10
-8
 µM Wang et 
al. 2011 
[55] 
Nanogold-modified 
poly-2,6-
pyridinedicarboxylic 
acid film 
PAT gene 
fragment 
1.0 x 1-
-4
 – 0.1 
µM 
2.4 x 10
-5
 µM Yang et 
al. 2007 
[61] 
ZrO2/SPAN 
nanofiber/carbon 
electrode 
ssDNA 1.0 x 10
-6
 – 1.0  
µM 
3.4 x 10
-7
 µM Yang et 
al. 2011 
[57] 
Au 
nanoparticle/polyaniline 
nanofiber 
S. aureus  150 x 10
-6
 – 1 
µM 
pM range Spain et 
al. 2010 
[6] 
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2.3 Chitin/Chitosan Nanofibers  
 Chitin,  and its derivative chitosan, are biodegradable and biocompatible polymers 
derived from the exoskeletons of arthropods and the cell walls of yeast and fungi [62, 663]. 
Chitosan is an excellent substrate for enzyme immobilization and can easily be electrospun into 
high surface area nanofiber mats. In addition, chitosan nanofibers exhibit high mechanical 
strength, hydrophilicity, and exceptionally small pores size when spun into mats [62]. Chitin, on 
the other hand, is a difficult material to work with and does not dissolve in most common 
solvents. However, both chitin and chitosan nanofibers have been successfully used in many 
applications, such as drug release, tissue engineering, and wound healing [63]. Chitosan has 
traditionally been used to immobilize enzymes within biosensors due to the amino group and two 
hydroxyl groups in each molecular unit that can easily be crosslinked within different substances 
[64, 65]. Chitosan/NiFe2O4 nanoparticles have also been used to immobilize glucose oxidase for 
electrochemical detection in a glassy carbon electrode biosensor [66]. Finally, three-dimensional 
chitosan membranes have also been utilized to increase electrode surface areas for 
electrochemical detection [67].  
 Recently, chitin and chitosan nanofibers have been incorporated within biosensing 
devices to take advantage of their excellent enzyme immobilization properties. An amperometric 
cholesterol biosensor consisting of cholesterol oxidase (ChOx) immobilized on a chitosan 
nanofiber/gold nanoparticle network has been developed by Gomathi et al. The nanofibers had 
diameters ranging from 50-100 nm and were prepared by oil/water emulsion [62]. The gold 
nanoparticles were electrochemically deposited on the nanofibers from a HAuCl4 solution. The 
device was able to reproducibly measure cholesterol within real human serum samples and did 
not respond to clinically relevant concentrations of ascorbic acid and uric acid in PBS [62]. The 
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limit of detection (0.5 µM) was also substantially lower than the limit of detection observed in 
non-nanofiber based sensors (Table 1.4) [68]. Chitosan/poly(vinyl alcohol) electrospun 
nanofibers have also been used for enzyme immobilization within biosensors [69]. The 
nanofibers had diameters ranging from 80-150 nm and were utilized for enzyme immobilization 
due to their biocompatibility and porosity. The enzymes were used to immobilize lipase from 
Candida rugosa using glutaraldehyde as a coupling reagent. The immobilized enzyme retained 
49.8% of its activity and had improved thermal and pH stability when compared to free enzyme.  
Table 1.4 A comparison of chitosan nanofiber and chitosan film cholesterol biosensors 
Sensor Materials Analyte Linear Range Limit of 
Detection 
Reference 
Chitosan 
nanofiber/gold 
nanoparticles 
Cholesterol 1-45 µM 0.5 µM Gomathi et al. 
2011 [62] 
Metal oxide/chitosan 
composite film 
Cholesterol 100-400 mg/dL 5 mg/dL Malhotra et 
al. 2009 [68] 
 
2.4 Poly(vinyl alcohol) Nanofibers 
 Poly(vinyl alcohol) (PVA) is a water-soluble, biocompatible polymer that has excellent 
fiber formation properties [70]. Unlike many other polymers, PVA has the advantage of being 
able to be electrospun using water as a solvent and can be easily stabilized through cross-linking 
of the free-hydroxyl groups on the fiber surfaces [14]. The hydroxyl groups can also be used to 
easily functionalize the nanofibers. Generally, PVA membranes have been used to immobilize 
enzymes within electrochemical biosensors [71]. In addition, PVA has been used to modify 
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carbon nanotubes for application within electrochemical biosensors [72]. The PVA serves as a 
binder that permits immobilization of biomolecules on the nanotube surfaces [72].    
 PVA nanofibers have been used as supports for molecularly imprinted polymer (MIP) 
nanoparticles for the detection of dansyl-L-phenylalanine [14]. Molecularly imprinted polymers 
are traditionally immobilized onto solid surfaces, which results in low surface areas and binding 
capacities. Therefore, nanofiber mats have been investigated to create a higher surface area for 
analyte detection. The MIPs had a diameter of 400 nm and were contained within nanofibers 
with diameters between 80-350 nm to ensure that the binding sites of the nanoparticles were not 
completely covered by the fibers. Fluorescent microscopy confirmed the binding of dansyl-L-
phenylalanine to the MIPs with no nonspecific binding of the analyte to the fibers.  
 PVA nanofibers have also been used for enzyme immobilization in amperometric 
biosensors [73].  The nanofibers were used to immobilize glucose oxidase to allow for the 
sensitive detection of glucose. Chronoamperometric measurements showed that the nanofiber 
modified electrodes demonstrated a rapid response (1 second) and had a good detection response 
(µA level) to both normal and diabetic levels of glucose. The device had a linear range from 1-10 
mM and a detection limit of 0.05 mM. This limit of detection is lower than the limits of detection 
observed in some non-nanofiber sensors [45], but is higher than carbon-nanofiber sensors that 
have been developed [44].  
 Recently, Cho et al. demonstrated the successful incorporation of electrospun PVA 
nanofibers within microfluidic systems to allow for sample preparation as well as analyte 
detection within microfluidic devices [74]. Positively charged PVA fibers were fabricated 
through the incorporation of hexadimethrine bromide within the polymer spinning dope, while 
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negatively charged fibers were produced using poly(maleic anhydride).  These fibers were spun 
on gold microelectrodes patterned on poly(methyl methacrylate) and incorporated into 
microfluidic devices. The fibers were shown to maintain their morphology in fluid flow up to 20 
µL/min. Positively charged nanofibers were shown to successfully filter negatively charged 
nanoparticles out of a buffer solution, allowing for sample concentration and purification within 
a microchannel.  
2.5 Other Materials 
 Polylactic acid (PLA) is commonly used in the electrospinning of nanofibers for a variety 
of applications from tissue engineering to drug delivery [75].  In 2006, Li et al. utilized 
electrospinning to produce biotinylated nanofiber membranes that provided an extremely large 
number of binding sites for streptavidin [75]. Nanofibers were produced by dispersing biotin in a 
PLA/chloroform/acetone solution before electrospinning. Electron probe microanalysis 
confirmed the presence of biotin on the surface of the electrospun fibers. Additional analysis 
confirmed that biotin was fixed to the fiber surfaces and was not washed off during fluid flow. A 
basic biosensor was constructed using the nanofiber membrane to immobilize biotinylated 
nucleic acid probes for detecting synthetic E.coli DNA [75, 76].  
 Polypyrrole (PPy), like polyaniline, is a naturally conducting polymer, and has been used 
within electrochemical DNA sensors [77]. Unlike polyaniline, PPy can be synthesized using 
neutral pH aqueous solutions. The polymer nanofibers were grown on platinum electrodes and 
were synthesized through electropolymerization of pyrrole using pulse voltammetry. The device 
was used to detect low concentrations of spermidine with a limit of detection of 0.02 µM. 
Polypyrrole nanofibers have also been used to modify electrodes for the detection of salicylic 
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acid and aspirin [78]. Double stranded calf thymus DNA was physisorbed onto PPy nanofibers 
on a platinum electrode. The device showed a limit of detection of 8.26 x 10
-1
 and 5.24 x 10
-6
 
µM for salicylic acid and aspirin respectively.   
3. Summary 
 The high surface area provided by nanofiber arrays and mats has been shown to 
dramatically increase the sensitivity of many biosensors. Carbon and polyaniline have gained the 
most attention due to their conductivity, biocompatibility, and long history of use within 
biosensors. However, many other materials, such as polypyrrole and chitosan, have been 
successfully used to form nanofibers for improved detection for a wide variety of analytes.  
 Vertically aligned carbon nanofibers have been shown to increase the sensitivity of 
electrochemical biosensors. Moreover, several labs have demonstrated the ability to functionalize 
individual nanofibers within a VACNF bundle, allowing for the creation of heterogeneous 
nanofiber electrodes. Currently, VACNFs are immobilized within a matrix that serves as a 
support and reduces the background signals observed within the sensors. However, as only the 
tops of the nanofibers are available for interaction with the analyte, there is no increase in 
functional surface area when compared to carbon nanotubes or other nanomaterials. In addition, 
the reproducible synthesis of VACNF bundles can be difficult, resulting in variations in signal 
from sensor to sensors. Consequently, improvements to material synthesis and fiber morphology 
should be completed to standardize sensor behavior.  
 Carbon, polyaniline, chitosan, poly(vinyl alcohol), polypyrrole and polylactic acid 
nanofibers have also been used to increase the surface area of electrodes within electrochemical 
sensors. The fibers have been shown to significantly increase the available functionalized surface 
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area on the electrode and can result in larger linear ranges and lower limits of detection when 
compared to other sensors.   Novel nanofiber-based biosensors are continually being reported in 
the literature, though generally the ability of these sensors to detect analytes within real clinical, 
environmental, and food safety samples is not significantly discussed. Further studies on sample 
preparation and analyte detection within nanofiber-based biosensors need to be conducted before 
they can be used in commercial sensors.  
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CHAPTER 2 
 
Electrospun Nanofibers for Microfluidic Analytical Systems 
 
 
Abstract 
Nanofibers embedded with the functional polymers exhibited a charged surface. These fibers 
were incorporated into microfluidic channels to provide high surface area and functional surfaces 
within a microfluidic system. The positively or negatively charged nanofibers were fabricated by 
blending of hydrophilic PVA with functional polymers with available amine groups or carboxyl 
groups, respectively. X-ray photoelectron spectroscopy (XPS) and Fourier transform infrared 
spectroscopy (FTIR) were used to confirm the presence and location of blend components in the 
spun fibers. Thermally stimulated current (TSC) measurements confirmed that surface-charged 
nanofibers showed positive or negative currents according to the functional polymers embedded 
with the PVA polymer. The surface-charged nanofibers were incorporated into microfluidic 
channels. Poly(vinyl alcohol) (PVA) blend nanofibers formulated to create variations in fiber 
surface chemistry were electrospun to form patterns around gold microelectrodes on a 
poly(methyl methacrylate) (PMMA) chip surface. These nanofiber patterns were integrated into 
polymer-based microfluidic channels to create a functionalized microfluidic system with 
potential applications in bioanalysis. Spinning conditions and microelectrodes were optimized to 
enable an alignment of the nanofibers across the microfluidic channel. Importantly, nanofibers 
within the assembled microfluidic channels were robust and did not break or wash out of the 
channel under extreme fluid flow conditions at linear velocities up to 13.6 mm/s.  
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1. Introduction  
In the area of bio-analytical sensors, detection systems have been miniaturized to take 
advantage of small feature sizes with low fluid consumption, faster analysis, and easy portability 
[1, 79]. Lab-on-a-chip devices integrate sample preparation and detection steps into one system 
and are applied in many clinical, environmental and food safety related industries [80]. 
Continuous improvement and research is being carried out not only in the improvement of 
biosensors but also of the sample preparation steps [81].  Separately, the capabilities of 
nanofibers as selective filter media [82, 83] and for specific capture of analytes from fluids [75, 
84] has been demonstrated. Nanofibers can be electrospun with a broad range of chemically [85, 
86] and biologically [17-89] active surfaces potentially useful in separation and capture of target 
analytes.   Nanofibers have also been utilized to improve targeted properties in such application 
areas as tissue engineering scaffolding [90-92], nanofibrous membrane biosensors [75, 93], and 
electronic sensors [94, 95]. The nanofibers for these applications have been fabricated by 
electrospinning, a technique through which fibers of a range of diameters from micrometers to 
nanometers can be produced from an electrically driven jet of polymeric fluid [96].  
Some preliminary efforts to combine micro fluidics and nanofibers have been made. Yang 
and Dong have demonstrated fabrication of patterned electrospun elements on glass substrates 
including methods for making aligned fibers or arranging fibers patches with specific size and 
shape by selectively etching fibers [97]. Polylactic acid and polyethylene oxide fibers were used 
to demonstrate the technique for patterning fibers onto glass substrates, but biocompatibility and 
function within a microfluidic device were not demonstrated. A detailed study of nanofiber 
behavior during low Reynolds number flows in microfluidic channels confirmed that fiber do not 
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fold or buckle within the channels under these conditions [98]. In this study, nanofibers were 
floating freely within the nanofiber channels. Applications for nanofibers within microfluidic 
devices to date have taken advantage of nanofiber arrays as scaffolds for cell growth within 
biological simulation devices and the selective filtration capabilities of nanofibers. Lee et al. 
incorporated a patch of randomly oriented polyurethane nanofibers into a microfluidic channel.  
The nanofibers were used as a synthetic extracellular matrix for growth of human mesenchymal 
stem cells (hMSC) within the channel of a bio-MEMS device. The surface properties, in 
particular the hydrophilicity, of the polyurethane required modification for successful cell 
proliferation. With this microfluidic construct (hMSC grown on a synthetic ECM within a 
channel), various nutrients could be provided via flow through the channel and influence on 
hMSC functions studied [99]. Lee et al. created a microfluidic dialysis device by a) 
electrospinning a non-woven filter fabric, b) making a PDMS microfluidic device, top and 
bottom containing a serpentine etched channel and c) sandwiching the electrospun fabric 
between the top and bottom of the microfluidic device [100]. As a prototype device, the 
preliminary dialysis results were as good as or better than currently available systems. 
In the biomolecular detection process, surface-charged nanofibers can be an easy alternative 
to modifying the surface of a nanofiber with probe biomolecules. Surface-charged nanofibers can 
concentrate target biomolecules via electostatic attraction between charges on the nanofiber 
surface and the counter charge of the target material, thus improving detection sensitivity. As a 
step towards constructing a biocompatible surface for endothelial cells, Ma et al. developed an 
electrospun fiber mat with covalently grafted gelatin to mimic the fibrous proteins in a native 
extracellular matrix [101]. The charge storage performance for electrospun fiber mats was 
studied to characterize the surface charging potential of the ideal candidates for filter and sensing 
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applications [102-104]. Terada et al. introduced amino groups into polymer chains grafted onto a 
polyethylene membrane to evaluate the effects of surface properties on the adhesion and viability 
of a strain of negative and positive bacterium [105]. In addition, Ma et al. developed an affinity 
membrane to permit the purification of molecules based on their physical/chemical properties by 
immobilizing specific ligands onto the membrane surface [106].  
In this study, new surface functional nanofibers were developed, incorporated into 
microfluidic channels and the durability of those fibers within the channels proven. Gold 
electrodes were patterned adjacent to the microfluidic channels to control for the positioning of 
the nanofibers across the channels. Nanofibers used in this study were designed to be hydrophilic 
with either partial positive (δ+) or partial negative (δ-) charge at the fiber surface under flow 
conditions in the microfluidic channel. The phenomenon of a formation of charged surfaces at 
the interface between a solid and an electrolyte is well-known [107]. These charges arise either 
from surface ionization (group dissociation) or ion adsorption. Our main interest in this study 
was to develop hydrophilic fibers with charged surfaces suitable for bio-applications. Highly 
hydrolyzed PVA polymers (> 99%) were blended with functional polymers targeted to provide a 
polarizable surface. PVA is especially useful for the materials in the bio-analysis system because 
it can be processed from hot water eliminating risk that the fabricated PVA nanofiber webs 
contain any toxic solvents which might interfere with analytes in solution. The resulting 
electrospun nanofibers are stabilized by strong inter-molecular hydrogen bonding [108] and do 
not swell significantly or dissolve in the room temperature aqueous solutions used for 
bioanalysis. Two types of functional polymers, Hexadimethrine bromide (Polybrene, PB) and 
Poly(methyl vinyl ether-alt-maleic anhydride) (Poly(MVE/MA), POLY(MA)), which have 
positive and negative functional groups, were blended with PVA in the electrospinning dope to 
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provide additional functionality. The amine groups or carboxyl groups in the functional polymers 
can be protonated or deprotonated in the pH of the solutions. The protonation or deprotonation of 
the functional polymers usually results in positive or negative charges on the fiber surface, 
incorporating the functional polymers. The charged surfaces on the electrospun fibers were 
induced when they met with the aqueous solutions due to the dissociation (ionization) of the 
functional groups on the surface or the adsorption (protonation) of ions from the solutions. XPS 
and FTIR were employed to detect and characterize the incorporation of PB and POLY(MA) in 
the electrospun fibers. Nanofiber alignment within the microfluidic channels was easily 
controlled during the spinning process and was not disrupted by the assembly of the full 
microfluidic device. Nanofiber stability in the microfluidic channels before and after high rates 
of fluid flow was evaluated by regular light microscopy. The effluent was collected from the 
microfluidic channels and analyzed using FTIR and H-NMR to confirm nanofiber durability. 
The current of the ionic blend nanofibers was measured by a thermally stimulated current (TSC) 
experiment [107].  
The fabrication of the microfluidic channel incorporated with the charged nanofibers is 
aimed at the concentration or purification of target substances from a solution. Incorporation of 
nanofibers into microfluidic channels can add significant surface area and functionality for 
separation of a target analyte from a mixed fluid. 
2. Experimental section 
2.1. Materials 
PVA polymer was purchased from Polysciences, Inc. (Warrington, PA, USA). This 
polymer, with a molecular weight of 78,000, is 99.7% hydrolyzed to obtain the same number of 
corresponding hydroxyl groups as the degree of polymerization. The functional polymers, whose 
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charges would be activated with ions in the aqueous solutions, were purchased from Sigma-
Aldrich. The positively charged PB is soluble in water, and its molecular weight is 4,000~6,000. 
The negatively charged POLY(MA) is also soluble upon hydrolysis, and its molecular weight is 
216,000. To reduce the surface tension of water and to retard the gelation of PVA in the spinning 
dope, adding a nonionic surfactant to the spinning dope is recommended [110]. Nonionic 
surfactant Triton X-100 (p-tertiary-octylphenoxy polyethyl alcohol) was purchased from Sigma 
Aldrich Company. Distilled (DI) water was used as a solvent to dissolve both PVA polymers and 
functional polymers. 
 
 
2.2. Preparation of electrospinning dopes 
Two types of polymers, the PVA and the additive polymer, were used for aqueous 
conjugated solutions to prepare the spinning dopes. PB or POLY(MA) polymers were utilized as 
additive polymers to fabricate positively and negatively charged nanofibers. All procedures for 
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preparing the spinning dopes are described as follows. At first, 10 wt% PVA polymers were 
dissolved in DI water at an oven temperature of 95
o
C for four hours. PB polymers were also 
dissolved in DI water at room temperature and added to the cooled PVA solution to form a 
solution containing PVA/PB = 90/10 wt/wt and then mixed together with a vortex for two 
minutes. Finally, Triton X-100 was added to the mixture solution (DI water/Triton X-100 = 
99.5/0.5 wt/wt%) and agitated with a vortex for two minutes and Arm-Shaker for one hour to 
make a homogenous spinning dope for electrospinning positively charged nanofibers. 
POLY(MA) was used to fabricate the negatively charged nanofibers.  
The maleic anhydride groups in POLY(MA) are derivatives of carboxylic acids, as shown 
in Figure 2.1. By hydrolyzing the maleic anhydride, which is treated in DI water at 90
o
C for 15 
minutes, POLY(MA) can be dissolved in water. As stated earlier, all the procedures for forming 
spinning dopes and spinning the fibers using POLY(MA) are the same as for PB. Polymer 
compositions of typical spinning dopes (without water) were; PVA/triton X-100: 89/11, 
PVA/PB/triton X-100: 82/8/10, PVA/POLY(MA)/triton X-100: 82/8/10. 
2.3. Fabrication of nanofibrous webs 
A 5 mL plastic syringe with an 18 gauge needle (inner diameter: 0.84 mm) was loaded with 
the prepared dope. A high voltage power supply (Gamma High Voltage Research Inc., FL) was 
used to apply a positive charge to the needle. To collect the electrospun fiber webs, either a 
grounded copper plate covered by aluminum foil or a grounded chip with electrodes was used. A 
micropump (Harvard Apparatus, Holliston, MA) was used to infuse the solution and to eject it 
toward to the collector. A voltage of 12kV was maintained at the tip of the needle. The distance 
between the collector and the needle tip was set at 10~15 cm, and a constant flow rate for the 
solution was set to 0.54 ml/hour. Electrospinning was maintained at room temperature. 
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Figure 2.2 PMMA electrode chip showing a variety of sizes in electrode gaps and squares (A) 
and a long gap between two electrodes (B). 
  
2.4. Fabrication of electrode chip and microfluidic channel 
In a procedure carried out in the CNF (Cornell NanoScale Science and Technology Facility) 
as well as NBTC (Nanobiotechnology Center) at Cornell University, electrode arrays were 
prepared on PMMA to fabricate patterned nanofibers for incorporation in a microfluidic channel. 
A process for patterning Au electrodes on PMMA using gold-thiol chemistry has been described 
previously [111], but the use of a Cr adhesion layer was employed here instead. PMMA surfaces 
were cleaned by sonication for 5 minutes in 2-propanol and treated with UV light. A CHA Mark 
50 evaporator (CHA Industries, Freemont, CA) was used to coat the PMMA with 10 nm Cr 
followed by 200 nm Au at deposition rates of 0.1 nm/s and 0.25 nm/s, respectively. A positive 
photoresist (Shipley 1813, Shipley, MA, USA) was then spun on the gold-coated PMMA at 3000 
rpm for 30 seconds. The photoresist was UV exposed for 11 seconds through a mask containing 
the electrode pattern using a contact aligner (ABM, Scotts Valley, CA) and developed for one 
minute in MF-321 developer (Shipley Co., Marlborough, MA). The exposed Au was then etched 
Au
Au
A
B
Au
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away by Au etchant type TFA (Transene, Danvers, MA) for one minute and the underlying Cr 
layer was etched away by Cr etchant (Cyantek, Freemont, CA) for 15 seconds to form the 
electrodes. Lastly, 100 mM NaOH was used to remove the photoresist from the electrodes. As 
shown in Figure 2.2 A, the electrodes were designed with varying gaps between neighboring 
electrodes. The following feature sizes were studied: gap size (0.1, 0.2, 0.3, 0.5, 1, 5, 10 mm) and 
square size (50, 100, 250, 500 μm). All the electrodes had a width of 100 μm and were connected 
to the corner square with 100 μm leads. The height of the electrode was 200 nm at Au and 10 nm 
at Cr. As illustrated in Figure 2.2 B, electrodes with a gap of 15 mm and electrode width of 1mm 
or 2.5mm were designed and employed to align electrospun fibers over longer distances.  
 
Figure 2.3 Schematic of a microfluidic device showing the formation of a microfluidic channel 
with fibers aligned across the channel (A) and a top view of a channel incorporated with fibers 
(B). 
 
Microfluidic PMMA channels were formed by a hot embossing process using a copper 
template as previously described [112]. Briefly, the channel design on the copper template was 
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B
33 
 
formed by patterning with an epoxy-based resist (KMPR 1050, Micro-Chem Corp., Newton, 
MA) and copper electroplating. The channels (length 12.5 mm, width 0.66 mm, and depth 37 
μm) were embossed in PMMA at 130°C and 5000 lbs in a hot press (Carver, Wabash, IN) for 10 
minutes, and 0.78 mm holes were drilled so that inlet and outlet tubing could be inserted. The 
channels were then sealed with UV-assisted thermal bonding [113]. The PMMA embossed 
channels were UV treated for 10 minutes using a UVO-Cleaner Model 144AX (Jelight, Irvine, 
CA) and brought into contact with a PMMA surface containing patterned nanofibers. The 
surfaces were then bonded by pressing for 10 minutes at 85°C and 5000 lbs in order to form 
channels containing nanofibers (see Figure 2.3). Finally, tubing was glued into the channel inlets 
and outlets to allow access for a syringe pump. 
2.5. Characterization of nanofibrous membrane 
2.5.1. Scanning electron microscopy (SEM) 
The morphology of all electrospun fibrous webs was evaluated with a Leica 440 scanning 
electron microscope (SEM) after the fiber webs were coated with Au-Pd. Image analysis 
software (ImageJ 1.41) was used to measure the electrospun fiber diameter. 
2.5.2 Testing nanofibers in microfluidic channels  
Plain DI water was injected through a channel using a syringe pump at 5 and 20 µL/min for 
5 min. The effluent was collected to analyze whether the incorporated electrospun fibers were 
dissolved or not during fluid flow. To make the simulated solutions, the electrospun fibers were 
dissolved in DI water at 1.0, 0.1, and 0.01 wt% PVA over water. A vial containing DI water and 
electrospun nanofibers was left in an oven of 65
o
C for 6 hours for the preparation of three 
simulated solutions so that FTIR and NMR could be used to compare the effluent.  
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2.5.3. FTIR and NMR measurement 
The electrospun fibers were characterized using FTIR and found to be 800 to 3800 cm
-1
 
with a 4 cm
-1
 resolution. To analyze the effluent and the simulated solutions, 
1
H spectra were 
recorded with an Inova 400 NMR instrument operating at 400 MHz at room temperature, and 
FTIR was used to measure the effluent and the simulated solutions. 
2.5.4. XPS measurement 
XPS experiments were carried out using a model SSX-100 ESCA system with Al Kα 
radiation (1486.6 eV). XPS analyzes photoelectrons that escape only from the top few mono-
layers of a surface making it a very surface-sensitive technique and appropriate for detecting 
functional groups on the surface of fibers. The operating pressure of the analyzer chamber was 
about 2 × 10
−9
 torr. The X-ray spot size was 1 mm x 2 mm and photoemission electrons were 
collected with an emission angle of 55 degrees. Typical analysis depths were ~5 nm and survey 
spectra were collected into a hemispherical analyzer using a pass energy of 150 V. The binding 
energy (BE) values were calculated relative to the C (1s) photoelectron peak at 285.0 eV. Three 
different locations on each sample were measured to ensure reproducibility.  
2.5.5. Thermally stimulated current (TSC) measurement 
TSC experiments were carried out to measure the currents generated on the charged 
nanofibers using a Novocontrol TSC (Novocontrol Technologies, Hundsangen, Germany). TSC 
spectra were recorded with two blocking electrodes that are specially designed to contain an 
aqueous solution or a wet nanofiber sample. The cylindrical container with the blocking 
electrodes is 1 mm in depth and 19 mm in diameter. For the control, no fiber, experiment 
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container was filled with a pH 7 buffer solution. A pH 7 buffer solution was prepared by 
adjusting the ratio of monobasic sodium phosphate and dibasic sodium phosphate, which were 
purchased from Sigma-Aldrich. The mole concentration of the buffer solutions was set as 10 
mM. In the absence of an externally applied field, the currents of the buffer solution were 
measured at 25 
o
C for 15 min. In case of the charged nanofibers, 6 mg of the nanofibers was 
soaked in the buffer solution for 30 min to allow ionization or protonation of functional groups 
prior to measurement. The wet nanofibers were put in the container and measured in the same 
way as the buffer solution. 
3. Results and Discussion 
3.1 Incorporation of functional polymers in PVA nanofibers 
All of the prepared spinning dopes were effectively electrospun on aluminum foil, and as 
shown in Figure 2.4, the electrospun nanofibers showed good morphology without beads on their 
fiber surface. Although the prepared solutions were subjected to some variation in spinnability, 
the diameters and morphologies of the electrospun fibers were very similar; the diameters of the 
pure PVA fibers ranged from 350 nm to 450 nm, the PVA/PB hybrid nanofibers from 450 nm to 
550 nm, and the PVA/Poly(MA) hybrid nanofibers from 300 nm to 400 nm. Fiber diameters 
were sensitive to electrospinning conditions and could be altered slightly by such changes in the 
electrospinning voltage and the distance between the needle and collector.  
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Figure 2.4 SEM images of electrospun fibers on aluminum foil: (A) pure PVA nanofibers, (B) 
PVA/PB hybrid nanofibers, and (C) PVA/Poly(MA) hybrid nanofibers. 
 
 
 
Figure 2.5 FTIR spectra: overall results (A); pure PVA fibers, PVA/PB and PVA/Poly(MA) 
hybrid nanofibers, PVA fibers made of 88% hydrolyzed PVA polymers without surfactant, and 
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PVA films made with 99.7% and 88% hydrolyzed PVA polymers (w/o = without), (B) 
magnified FTIR spectra (1900~1600 cm
-1
) and (C) (1200~900 cm
-1
). 
3.2 Examination of functional groups within fibers 
FTIR and XPS were used to examine the incorporation of PB and Poly(MA) with the PVA 
polymer. FTIR spectra of four as-spun fiber samples and two film samples are presented in 
Figure 2.5. The pure PVA fibers, PVA/PB and PVA/Poly(MA) hybrid fibers were prepared with 
the 99.7% hydrolyzed PVA polymer and the surfactant, Triton X-100. For reference and 
clarification of the spectra, another PVA fiber sample was spun with a spinning dope made of 
88% hydrolyzed PVA polymer without using Triton X-100, and film samples were prepared 
from PVA polymers with both 99.7% and 88% degrees of hydrolysis. Fibers could not be spun 
directly from the 99.7% hydrolyzed PVA without using Triton X-100 because of poor spin-
ability.  
All carbonyl compounds absorb in the region 1760-1650 cm
-1
 due to the stretching vibration 
of the C=O bond. It notes that C=O stretch of saturated esters (1755-1735 cm
-1
) is at a higher 
wavelength than that of the unsaturated esters (1730-1715 cm
-1
) and that of unsaturated 
aldehydes and ketones (1710-1650 cm
-1
). The PVA film (99.7%) shows a very small peak at the 
1758 cm
-1
 that is considered a saturated ester compound derived from the non-hydrolyzed 
poly(vinyl acetate) group, whereas the ester compound observed at 1758 cm
-1
 from the acetate 
group is shifted to 1740 cm
-1
 in PVA fibers and PVA/PB hybrid fibers during the formation of 
fibers. Based on the spectra of the PVA fiber (88%) and the PVA film (88%), the acetate group 
is clearly observed in the broad region of 1732-1710 cm
-1
 as an unsaturated ester compound. 
Addition of Poly (MA) to the PVA polymers is clearly confirmed by the absorbance peak at 
1720 cm
-1
 attributed to the carboxylic group from Poly (MA). A light presence of the peaks at 
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1655 cm
-1
 is shown in the samples with the striking peaks associated with carbonyl compounds, 
whereas in the PVA fibers, the PVA/PB fibers, and the PVA film (99.7%) which have the small 
peaks at 1655 cm
-1
 wavelength, clearer peaks are shown to be considered as an unsaturated 
aldehyde or ketone compounds. As a result, the carboxyl compounds are variously observed at 
the different wavelengths according to their formations.  
On the other hand, PB has weaker absorbance in the IR region and was difficult to identify 
with FTIR. FTIR measurements show absorbance peaks to be slightly different among the 
samples in the peak intensity for O-H at 3550~3100 cm
-1 
and in the peak shape between 1200 ~ 
900 cm
-1
. In the inset of Figure 2.5, the spectra of PVA and PVA/PB fibers were normalized 
using the peak at 1097 cm
-1
 (C-O stretching vibrations at the non-hydrolyzed group in PVA) 
[114]. Changes in intensities and shifts in peaks in this region (O-H) reflect hydrogen bonding 
between PVA and the additive polymers [115]. The O-H peak decreased slightly in intensity and 
varied in shape with the addition of functional polymers in the PVA fibers. PVA typically forms 
small, dense, and closely packed monoclinic crystallites [116] and the degree of crystallinity of 
PVA fibers strongly affects the FTIR C-O stretching peak at 1141 cm
-1
. As the PVA polymer 
chains are aligned and folded to make the crystalline structure, the PVA hydroxyl groups form 
intramolecular and intermolecular hydrogen bonds between PVA chains [117]. In the case of less 
hydrolyzed-PVA polymers (88%), the film and fiber samples show much weaker shoulder than 
their counter parts of the 99.7% hydrolyzed PVA polymers. In the meanwhile, incorporation of 
functional polymers into the PVA fibers resulted in strong association of the PVA hydroxyls so 
that PVA crystallization was disrupted during electrospinning. As the functional polymers were 
added, the decrease in 1141 cm
-1
 is clearly observed in the FTIR spectra and no discernible 
shoulder at 1141cm
-1
 is detected at the hybrid fibers (Figure 2.5 C). 
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To further investigate the location of the incorporated functional polymers and in particular 
to have stronger confirmation of PB incorporation, XPS spectra in broad survey mode were 
recorded to detect and quantify the major atomic elements and bonding patterns at the surface (~ 
5 nm depth) of the electrospun fiber samples. XPS peaks correspond to specific energy states of 
electrons in the s or p orbital of their respective atoms. For PVA/PB fibers, the unique Br nucleus 
associated with PB was used to quantify the proportion of PB at the fiber surface.  In 
PVA/Poly(MA) nanofibers, no unique nucleus was available and variations in C to O abundance 
were used to quantify Poly(MA) relative to PVA. XPS survey spectra (Figure 2.6) show the 
major photoelectron peaks corresponding to the O (1s) and C (1s) at a binding energy of 531 and 
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Figure 2.6 XPS spectra of pure PVA electrospun nanofibers (a), PVA/PB 
hybrid nanofibers (b), and PVA/POLY(MA) hybrid nanofibers (c). 
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285 eV with signal intensities corresponding to the atomic percentage of each element [84]. To 
evaluate the presence of Br-N associated with PB in the sample surface, the spectra were 
analyzed in the region of 400 eV and 260 eV ~ 65 eV where signals of nitrogen and bromine, 
respectively, appear. Although the PB has two nitrogen atoms and two bromine atoms, XPS 
spectra contained no measurable signal for nitrogen but measurable peaks for bromine on the 
surface of the PVA/PB hybrid nanofibers. The heavy bromine produces a strong XPS signal 
because it has high relative sensitivity factor (RSF) of 5.03 in XPS compared to nitrogen (RSF 
1.8). The bromine peak area can be 5.03/1.8 compared to the nitrogen peak area for equal 
amount of bromine to nitrogen. The Br (3p) spectrum was not observed in the pure PVA 
nanofibers and PVA/Poly(MA) hybrid nanofibers but it was present in the PVA/PB hybrid 
nanofibers. The amount of bromine in the shell from the fiber surface was determined by 
comparing the Br/C weight ratio from the results of bromine At % and carbon At % measured by 
XPS. To calculate the atomic percent (At %) of each element, the weight percent (Wt %) of each 
element calculated from formulation is divided by its atomic weight and then each result is 
divided by the total summation of each dividing result.  
Table 2.1 Abundance (At %) of elements; measured at the fiber surface by XPS and calculated 
from formulation  
 
In Table 2.1, the abundance of elements at the fiber surface is presented, in which the At 
% of each element is listed from both of the data measured by XPS and the results calculated 
from each fiber formulation. For these calculations, the full composition of the fibers; PVA/triton 
XPS Calculated XPS Calculated XPS Calculated
C 73.7 67.6 74.4 68.6 71.4 67.3
O 26.3 32.4 25.3 30.8 28.6 32.7
Br - - 0.4 0.7 - -
PVA fibers PVA/PB fibers PVA/PMA fibers
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X-100: 89/11, PVA/PB/triton X-100: 82/8/10, PVA/POLY(MA)/triton X-100: 82/8/10, was used 
including the surfactant. With boiling point > 200
o
C and vapor pressure < 1mm Hg at 20
o
C little 
of the Triton X-100 is expected to evaporate during the electrospinning process.  In all cases, the 
surface composition of the fibers, as measured by XPS, was richer in carbon, than the overall 
fiber formulation (calculated). The XPS measurements have confirmed, perhaps not surprisingly, 
that the carbon rich Triton- X (molecular formula: C14H22O(C2H4O)n (n = 9-10)) has migrated to 
the surface of the nanofibers. 
 
Figure 2.7 SEM (A~C) and photographed (D) images of electrospun nanofibers on the gold 
electrodes; accumulated nanofibers on an electrode (A) and aligned electrospun fibers across the 
electrodes (B~D). 
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3.3 Patterned nanofibers on chips 
When fibers were collected on chips with grounded gold electrodes, the expected pattern of 
random fiber orientation on electrodes and extended, aligned fibers between electrodes was 
observed.  As shown in Figure 2.7 and 2.8, the nanofibers were well aligned between electrodes 
with gap widths ranging from 0.5 mm to 15 mm, or accumulated on the grounded electrodes. At 
the shortest gap distances (0.5 mm, Figure 2.7 A), the electrospun nanofibers were stacked on the 
electrodes and the alignment of nanofibers across the short gap was poor. Increasing the distance 
between electrodes improved the overall alignment of fibers between electrodes. As the width 
between the electrodes was increased to 15 mm, the width of the electrode was also found to be 
important. Fibers electrospun onto chips with thin electrodes (1 mm gold width) spaced 15 mm 
apart were not well aligned. When the gold electrode width was increased to 2.5 mm, however, 
the electrospun fibers were well aligned over the 15 mm gap between electrodes (Figure 2.8 B). 
This phenomenon was attributed to insufficient effectiveness of the grounding on the 1mm 
electrodes. In our experiment, a 5 mm gap between two neighboring electrodes resulted in 
excellent nanofiber alignment. Therefore, multiple electrodes with 5 mm gaps were fabricated on 
a PMMA chip for further processing into microfluidic channels (Figure 2.7 D) with the 
nanofibers perpendicular to the channel length. 
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Figure 2.8 Light microscope images of nanofibers aligned along the gold electrodes (a 
magnification lens of 10x (A) and of 1.5x (B)), nanofibers aligned across channels in assembled 
microfluidic devices (at low (C) and high fiber density (D)). 
3.4 Investigation of incorporated nanofibers in a microfluidic channel 
Assembly of the full microfluidic device incorporating electrospun nanofibers across 
channels (Figure 2.3) required high pressure, temperature and UV exposure to insure that no 
leakage would occur when fluids flow through the channels. Images of assembled devices 
(Figure 2.8 C, D) confirm that the electrospun nanofibers maintained alignment and were stable 
to the chip fabrication process. To determine that these fibers would also be stable during 
microfluidic device use, nanofibers aligned across the microfluidic channel were tested for their 
stability during fluid flow through the channels. As a bio-application material, the physical 
features of the PVA polymer are both strong and weak. The strength is in the hydrophilic 
property that enhances the interaction of analytes in aqueous solutions. The weakness is the 
A B Electrodes
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potential dissolution or breakage of the fibers in flowing, aqueous systems, which is likely to 
destroy the morphology of the electrospun PVA nanofibers.  
 
Figure 2.9 FTIR spectra of three simulated solutions, two effluents, and DI water. 
 
The solutions were collected from the outlet of the microfluidic device to test the durability 
of the electrospun nanofibers in the aqueous solutions. To collect the effluent, DI water was 
flushed through the channels at high flow rates (for microfluidic devices) of 5 µL/min and 20 
µL/min (linear velocities of 3.4 and 13.6 mm/s) for 400 min and 100 min, respectively. The 
polymer component elements were analyzed in the effluents using FTIR and H-NMR. A set of 
standard/calibration specimens were also prepared by dissolving electrospun PVA fibers in DI 
water at 1.0, 0.1, and 0.01 wt%. In FTIR analysis (Figure 2.9), two characteristic peaks for CH2 
at 2930 cm
-1
 and CH at 2850 cm
-1 
were identified. These two peaks originated from PVA 
nanofibers that had been dissolved and could be identified at PVA concentrations as low as 0.01 
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wt%. These peaks could not be detected in the effluent collected from the microfluidic channels 
or in the negative control sample (DI water).   
  
Figure 2.10 H NMR spectra of the calibration solutions and two effluents. 
 
H NMR provided additional evidence that fibers were stable within the microfluidic 
channels and did not dissolve or wash out even at high flow rates. In the 
1
H NMR spectra for 
control samples (Figure 2.10) peaks were present at 1.3~1.6 ppm, characteristic of CH2 in PVA 
polymer. These peaks were easily identified at all control sample concentrations.  As in the FTIR 
data, nothing was detected in the effluents from the microfluidic devices. The quantity of 
dissolved PVA polymers in the solutions was estimated so that the presence or absence of these 
polymers could be assessed. In conclusion, the electrospun PVA nanofibers incorporated in the 
microfluidic device maintained stability in fiber morphology during fluid flow. The results of 
FTIR and 
1
H NMR demonstrate that PVA electrospun nanofibers are sufficiently stable in the 
channel to be used in microfluidic devices for bio-analysis. 
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3.5 Currents of charged nanofibers 
TSC measurements demonstrated clear differences between the PVA/PB and PVA/Poly(MA) 
fibers (Figure 2.11). As a control, current generated in the TSC container by the pH 7 buffer 
solution was measured and shown to have a small positive charge potential confirming that the 
buffer has vanishingly small ionic strength. As expected, the PVA/PB nanofibers generated a 
positive current, whereas the PVA/Poly(MA) nanofibers generated negative current. The total 
current flowing in circuit is the sum of current carried by electrons and current carried by ions. 
Therefore, the polarity of the materials governs the direction of total current. From these results, 
functional groups on the PVA/PB hybrid nanofibers are protonated creating a positive surface 
potential and a positive current in the solution. On the other hand, ionization of the functional 
groups on the PVA/Poly(MA) hybrid nanofibers results in a negative surface potential and 
negative current in the solution. As time lapses, the current intensity for both nanofibers decays 
slightly. This intensity decrease indicates that the ions in the buffer solution around the 
nanofibers become saturated on the electrodes and the concentration of ions inducing the 
currents decreases. 
 
 
 
 
 
Figure 2.11 TSC spectra showing the relationship between current versus time with a pH 7 buffer 
solution and the charged nanofibers soaked in the buffer solution. 
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4. Conclusion 
The nanofibers in this study were fabricated in order to create patterns on the PMMA chip 
with gold electrodes and integrated into polymer-based microfluidic channels to create 
functionalized microfluidic systems. Functional polymers with charged chemical groups and a 
surfactant were successfully incorporated into PVA nanofibers and incorporation of the additives 
and migration of the surfactant to the fiber surface was confirmed by XPS and FTIR testing. The 
alignment of nanofibers between two electrodes was achieved by grounding the electrodes and 
charging the spinneret of the electrospinning device. Fibers were successfully aligned at lengths 
up to 15 mm.  Thus, it is possible to influence the layout of the nanofibers within and across 
microfluidic channels via electrode placement, size and design. This will be further exploited in 
future research by creating nanofiber tufts within microfluidic channels, using them as guiding 
lines along a channel. A gap between two electrodes of 5 mm was chosen to prepare aligned 
electrospun nanofibers for further assembly into microfluidic devices with nanofiber aligned 
perpendicular to the fluid flow direction within microfluidic channels. An evaluation of the 
hydrophilic nanofibers showed that the nanofibers maintained morphology during flow of DI 
water at high rates through the microfluidic channel. Further studies have been carried out using 
these microfluidic nanofiber systems for sample concentration assays [118] and zeta potential 
measurements in situ [119].  
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CHAPTER 3 
 
Functionalized Electrospun Nanofibers as Bioseparators in Microfluidic 
Systems 
 
 
Abstract:  
In this work, functionalized electrospun poly(vinyl alcohol) (PVA) nanofiber mats were 
shown to successfully serve as bioseparators for negatively charged nanoparticles. Nanofibers 
were electrospun onto gold microelectrodes, which were incorporated into poly(methyl 
methacrylate) (PMMA) microfluidic devices using UV-assisted thermal bonding. PVA 
nanofibers doped with hexadimethrine bromide (polybrene) were positively charged and 
successfully filtered negatively charged liposomes out of a buffer solution, while negatively 
charged nanofibers doped with poly(maleic anhydride) (POLY(MA)) were shown to repel the 
liposomes. In addition, the effect of fiber mat thickness was studied in order to determine the 
optimal range of thicknesses for liposome retention.  Finally, it was demonstrated that liposomes 
bound to positively charged nanofibers could be selectively released using a HEPES-sucrose-
saline (HSS) solution of pH 8.5 rendering the positively charged nanofibers negatively charged. 
The results prove that nanofibers can be successfully used for sample preparation procedures of 
isolation and concentration in lab-on-a-chip devices.   
1. Introduction 
Micro-total analysis systems (µTAS) incorporate sample preparation and analyte 
detection into one device that utilizes small feature sizes and volumes in the nano to microliter 
range. These miniaturized detection assays are portable and permit fast sample analysis and low 
reagent consumption[1, 79, 120]. These systems can also be designed to allow for parallel 
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processes, permitting multi- analyte detection within one device. However, the decreased sample 
volumes and smaller feature sizes of these miniaturized devices result in a lower tolerance for 
particulates and sample impurities [1]. In addition, significant analyte concentration is necessary 
in order to reduce sample volumes to the nL-µL ranges used by these devices. While there have 
been several successful µTAS devices developed, incorporating sample purification and 
concentrations in the same device as analyte detection remains a key challenge for many analysis 
systems [79].  This research addresses the need for sample preparation within lab-on-a-chip 
devices through the incorporation of functionalized electrospun nanofibers within polymer 
microfluidic devices. 
Electrospinning is a fiber formation process that uses electrical forces to generate fibers 
with diameters on the order of 100 nm [3].
 
The nonwoven mats formed during electrospinning 
feature extremely large surface area to volume ratios, and can be tailored to have different pore 
sizes and tensile strengths [3]. Additionally, electrospun nanofibers can be functionalized with a 
wide range of surface chemistries through the incorporation of true nanoscale materials in the 
spinning dope [75, 117, 122]. Several interesting fiber chemistries have been developed that 
would be ideal for use within microfluidic biosensors. Li et al. have successfully electrospun 
biotinylated nanofibers capable of binding streptavidin in solution [75, 121]. In addition, 
conductive nanofibers have been created using polyaniline, carbon nanotubes, and other 
conductive materials [123,124].  Functionalized nanofibers have previously been incorporated 
within membranes to allow for immuno and optical sensing [5, 125, 126]. In these applications, 
nanofibers can be functionalized by adsorbing or covalently bonding antibodies to the fiber 
surfaces, allowing for detection using colloidal gold, latex beads, or liposomes [127]. Finally, 
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graphite and carbon nanofibers have been used to form micro and nanoelectrodes within 
electrochemical biosensors [128, 129]. 
Several groups have examined the feasibility of incorporating electrospun nanofibers 
within microfluidic systems. It has been demonstrated that nanofibers maintain their morphology 
when free floating in low Reynolds number flows [98]. Nanofibers have also successfully been 
used as scaffolds for cell growth within microfluidic devices [130,131]. Recently, we have 
demonstrated the feasibility of incorporating functionalized PVA nanofibers as filters within 
microfluidic channels using gold microelectrodes [74]. Positively and negatively charged 
nanofibers were created by incorporating polybrene and Poly(MA) respectively within a PVA 
spinning dope. These nanofibers were incorporated within PMMA microchannels using UV-
assisted thermal bonding and were shown to maintain their morphology and functionality in fluid 
flows up to 20 µL/min for 100 minutes.  
In this study, we examine the potential of functionalized electrospun nanofibers to 
address the need for sample preparation within µTAS devices. The controlled capture and release 
of negatively charged liposomes containing sulforhodamine B were studied using positively and 
negatively charged PVA nanofibers within microfluidic channels. The effects of fiber mat 
thickness, charge, and buffer pH were studied in order to determine the ideal conditions for 
liposome filtration within microfluidic systems.  
2. Methods 
2.1 Microelectrode fabrication 
  Gold microelectrodes were patterned onto PMMA to serve as grounded collector plates 
for nanofiber spinning. Electrodes were composed of 1 mm fingers spaced 5 mm apart connected 
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to a large square grounding pad (Figure 3.1).  The microelectrodes were fabricated at the Cornell 
NanoScale Science and Technology Facility (CNF) and the Nanobiotechnology Center (NBTC) 
using a previously described procedure [74]. Briefly, a CHA 
Mark 50 evaporator was used to first coat the PMMA pieces 
with a 10 nm chrome adhesion layer and then a 200 nm gold 
layer at a deposition rate of 1.5   sec. The gold coated PMMA 
pieces were coated with Shipley 1813 positive photoresist 
(Shipley, MA) at 3000 rpm for 30 seconds. The photoresist 
was then exposed for 11 seconds using an ABM contact 
aligner and developed in MF 321 for 1 minute (Shipley, MA). 
The substrates were etched in gold etchant type TFA (Transene, MA) for 1 minute and in chrome 
etchant for 15 seconds (Cyantek, CA). The remaining photoresist was removed using 100 mM 
NaOH.  
2.2 Electrospinning 
Nanofibers were spun following a previously described procedure [74]. Briefly, 
positively and negatively charged nanofibers were produced by adding polybrene and 
POLY(MA) (Sigma Aldrich) into a PVA spinning dope (Polysciences Inc., PA)
19
. The spinning 
dope was produced by dissolving 10 wt% PVA into deionized (DI) water in an oven at 95 ºC for 
four hours. To create positively charged nanofibers, polybrene was dissolved in DI water at room 
temperature and mixed with the PVA solution in a 90/10 wt/wt PVA/polybrene ratio. The 
resulting solution was vortexed for 2 minutes. Triton X-100 was added to the solution and mixed 
on a vortex for 2 minutes and an arm-shaker for 1 hour.  Negatively charged nanofibers were 
produced by adding POLY(MA) instead of polybrene to the PVA spinning dope in a 90/10 wt/wt 
Figure 3.1 A five-fingered 
microelectrode   
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PVA/Poly(MA) ratio. The Poly(MA) was first dissolved in DI water by heating it at 90ºC for 15 
minutes. Fluorescent nanofibers of either charge were produced by using the procedure described 
above and dissolving the PVA in a DI water and CDot solution. The DI water and CDot solution 
was produced in a 70/30 wt/wt ratio.  CDots were provided by the Wiesner Lab at Cornell 
University. The CDots contain rhodamine isothiocyanate (TRITC) and produce fluorescent 
signals when excited at 541 nm (emission at 572 nm). 
The spinning solution was loaded into a 5 mL BD plastic syringe with an 18 gauge 
needle. A positive charge was applied to the syringe needle using a high voltage power supply 
set at 15 kV (Gamma High Voltage Research Inc., FL). Gold microelectrodes were placed on top 
of a grounded copper plate and placed 15 cm from the syringe tip. A syringe pump was used to 
accelerate the spinning solution from the syringe tip at a flow rate of 0.54 mL/h. 
2.3 Channel formation and device fabrication 
Microfluidic channels were embossed into PMMA using a copper template [112]. Copper 
templates were fabricated at the CNF using photolithography with KMPR 1050 (Micro-Chem 
Corp., MA) and copper electroplating to generate raised copper channels on a copper plate. 
Channels 52 µm deep and 
1 mm wide were embossed 
into PMMA using a 
Carver Laboratory Hot 
Press at 130 °C for 5 
minutes at 10,000 lbs of 
pressure. Inlet and outlet 
Figure 3.2 Completed microfluidic device consisting of four 
channels containing functionalized nanofiber mats  
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holes were drilled at each end of the channel using a 0.8 m steel drill bit. UV-assisted thermal 
bonding was used to bond the PMMA piece embossed with microchannels and the PMMA piece 
with the microelectrode and nanofibers. The two PMMA pieces were sandwiched together and 
pressed on the Carver press for 5 minutes at 90 ºC and 8,000 lbs. Polyvinyl chloride tubing with 
a 0.02” (0.508 mm) diameter was glued to the inlet and outlet holes (Figure 3.2).  
2.4 Liposome retention  
Microchannels containing either positively or negatively charged nanofibers were filled 
with liposomes in a HSS buffer (pH 7) solution (1:1000 v/v dilution to a phospholipid 
concentration of 11.786 µM) at a flow rate of 1 µL/min. Liposomes were provided by Dr. Katie 
Edwards in the Baeumner Lab at Cornell University.  Liposomes contained 0.44 mol% 
sulforhodamine B (SRB) conjugated in the lipid bilayer and encapsulated 150 mM SRB to allow 
for fluorescence imaging (emission 520 nm, excitation 595 nm) [132].  The liposome solution 
was injected into the channels for 30 minutes and was then washed out using HSS buffer (pH 7) 
at 1 µL/min for 60 minutes. The concentration of liposomes within the channels was monitored 
by taking pictures of the channels using a fluorescence microscope. The intensity of fluorescence 
within the channels was analyzed by using Photoshop to determine the mean red pixel intensity 
of the images.  
2.5 Determining the effect of fiber mat thickness 
Fluorescent fiber mats with various thicknesses were spun onto gold electrodes by 
varying the spinning time. The thickness of the fiber mats was measured using the z-scan 
function of a Leica SP2 confocal microscope. After imaging, the nanofibers were incorporated 
into microfluidic devices using the thermal bonding procedure described above. Liposomes in a 
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1:1000 v/v dilution in HSS (final phospholipid concentration of 11.786 µM) were injected into 
the channels for 30 minutes and then washed with HSS for 60 minutes to determine the effect of 
fiber mat thickness on liposome retention. Average red pixel intensity within the channels was 
assessed using Photoshop.  
2.6 Selective liposome release 
Microchannels containing positive nanofibers were filled for 30 minutes with a 1:1000 
v/v dilution of liposomes suspended in a HSS buffer at a flow rate of 1 µL/min. The channels 
were first washed for 30 minutes with HSS buffer (pH 7) to ensure that the liposomes had 
attached themselves to the nanofibers. The channels were then washed with a HSS solution (pH 
8.5) in order to determine if it is possible to selectively release the liposomes from the positively 
charged nanofibers.  
3. Results 
3.1 Liposome retention 
The ability of functionalized 
nanofiber mats to filter liposomes 
out of a buffer solution was assessed 
using microchannels containing 
either positively or negatively 
charged nanofibers. Microfluidic 
channels containing nanofibers were 
first filled with a liposome solution 
(liposomes were diluted in HSS) for Figure 3.3 (Top) Microchannel containing positive 
nanofibers full of liposomes (left) and after HSS wash(right). 
(Bottom) Microchannel containing negative nanofibers full 
of liposomes (left) and after HSS wash (right). Fluorescence 
microscopy, 100x 
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30 minutes and then washed with HSS for 60 minutes. The concentration of liposomes within the 
microchannels was determined by monitoring the fluorescence in the channels during fluid flow. 
Channels containing nanofiber mats of either charge gained fluorescence during liposome flow, 
but only channels containing positive nanofibers retained significant fluorescence after the 
washing step. Moreover, images of the microchannels during fluid flow demonstrated that the 
liposomes were bound to the surface of the positive nanofiber mats and remained attached even 
after an hour of fluid flow (Figure 3.3).  
The fluorescence within the microchannels was quantified by using Photoshop to 
determine the average pixel intensity of the images taken of the channels during fluid flow. 
Analysis confirmed that the positively charged nanofibers retained significantly more 
fluorescence than the negative nanofibers (Figure 3.4) with average pixel intensities at steady 
Figure 3.4 A comparison of liposome retention in positively (blue open symbols) and negatively 
(red solid symbols) charged nanofiber mats within the microchannels.  Liposomes were flown 
through the device for 30 minutes and then washed out using HSS buffer. Shown here is the step 
where wash buffer enters the microfluidic channel. The initial high values are due to the pure 
liposome solution contained within the channels at the beginning of the wash step. Images were 
taken every 5 minutes and analyzed for red pixel intensity using Photoshop.  
Unbound liposomes are washed out of the 
channel when the wash buffer reaches the 
channel 
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state conditions of at least 40 vs. less than 20 respectively. Some variability in the retention of 
the different fiber mats after HSS was observed, which was attributed to variations in the fiber 
mat thickness and morphology.   
3.2 Effect of fiber mat thickness 
The effect of fiber mat thickness on liposome retention was determined by 
electrospinning nanofiber mats of different thickness between 15 µm and 55 µm. We wanted to 
determine the minimum nanofiber thickness required for liposome isolation while also 
determining at what thickness retention becomes a function of pore size and not charge 
interaction. This was accomplished by comparing the retention behaviors of similarly thick 
positive and negative nanofiber mats. Each nanofiber mat was imaged using a Leica SP2 
confocal microscope to determine fiber mat morphology and thickness (figure 3.5).   
 
 
 
After confocal measurement, the PMMA chips containing the nanofiber mats were 
bonded to PMMA chips embossed with microchannels as described above. The completed 
Figure 3.5 Confocal images showing the (left) top and (right) side of a positive nanofiber mat 
containing CDots.  CDots contain TRITC and enable fluorescence detection (emission 572 nm, 
excitation 541 nm) 
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microfluidic devices were filled with liposomes in HSS buffer for 30 minutes and then washed 
with HSS buffer for 60 minutes. The liposome retention within the microchannels was analyzed 
using the average pixel intensity of the channel images during fluid flow. It was determined that 
negative fiber mats had significant liposome retention at fiber mat thicknesses above 40 µm, 
indicating that liposomes may be retained because of size exclusion and not charge interaction. 
Curves similar to those previously shown in Figure 3.4 were obtained. Steady state was reached 
for all nanofiber mats after 5-20 minutes. The average steady state signals for each fiber mat 
were determined by averaging the pixel intensity for each mat over 45 minutes (Table 3.1). 
Positively charged nanofiber mats showed optimal liposome retention at thicknesses of 
approximately 20 µm and above.  The retention of liposomes within the nanofiber mats depends 
not only on the thickness of the nanofiber mat, but also on its cross-sectional surface area and 
pore size. Therefore, the nanofiber mat that was 33 µm thick retained more liposomes than the 46 
µm nanofiber mat because of its larger cross-sectional surface area and smaller pore size. Some 
variability in surface area and poor size is to be expected with electrospun nanofibers, however, 
all the nanofiber mats with thicknesses of 20 µm and above retained a significant number of 
liposomes.   
Fiber Charge 
Fiber mat 
thickness Average Pixel Intensity 
Negative 19 µm 0 
  25 µm -4 
  28 µm 2.5 
  41 µm 8.1 
  47 µm 4.9 
Positive 15 µm 1.9 
  19 µm 19.6 
  29 µm  24.5 
  33 µm 55.6 
  46 µm 40.7 
Table 3.1 Average fluorescent signal 
observed during 45 minutes of HSS 
wash step in fiber mats of varying 
thicknesses.  
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Confocal images were taken of the channels after fluid flow to determine how the fiber 
mats were affected by bonding and fluid flow. It was determined that the majority of fiber mat 
thickness is preserved during bonding and liposome flow (Table 3.2). Additionally, comparing 
the fluorescence of the nanofibers before fluid flow and after liposome flow and wash gave us 
more insight into the liposome binding behavior of the nanofiber mats. As expected, the 
fluorescence observed in the positive fiber mats was dramatically higher after liposome flow and 
HSS wash (Figure 3.6).  
Thickness before bonding Thickness after fluid flow Difference 
23.5 µm 23.5 µm    0.00 µm 
23.5 µm 22.1 µm    1.3 µm 
18.2 µm 15.6 µm    2.6 µm 
20.2 µm 15.6 µm    4.6µm 
44.3 µm 26.1 µm 18.2 µm 
44.3 µm 31.3 µm 13.0 µm 
44.3 µm 43.6 µm    0.7 µm 
39.1 µm 33.9 µm    5.2 µm 
 
 
 
Table 3.2 A 
comparison of 
nanofiber mat 
thickness before and 
after fluid flow 
Figure 3.6 A comparison of fiber mat fluorescence (left) before and (right) after liposome flow and 
HSS wash 
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3.3 Selective liposome release 
Liposomes provided by Dr. Katie Edwards contained0.44 mol% sulforhodamine B (SRB) 
conjugated within the lipid bilayer and encapsulated 150 mM SRB to facilitate fluorescence 
imaging. Their zeta potential is negative over a wide pH range (pH 1-11), while polybrene-
modified nanofibers have a negative surface charge at pH 8 and above. Therefore, it should be 
possible to selectively release liposomes that are bound to polybrene-modified nanofibers using a 
HSS solution with a pH of 8.5. Channels filled with polybrene nanofibers were filled with 
liposomes in a HSS buffer (pH 7) and were then washed with HSS buffer (pH 7) to demonstrate 
that the liposomes were successfully bound to the nanofibers (Figure 3.7). The concentration of 
liposomes within the solution was determined by imaging channels with a fluorescence 
microscope. As expected,  liposomes were successfully bound by the nanofibers. The signals 
correlated well with those determined earlier with similarly thick nanofiber mats of 25 µm. After 
30 minutes, HSS solution (pH 8.5) was injected into the channels. During the pH 8.5 wash, the 
channels demonstrated a 50% loss of fluorescence, indicating that liposomes were successfully 
released from the nanofibers as the remaining fluorescence was general background fluorescence 
in the system (Figure 3.7).   
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4. Conclusions 
Sample preparation remains a key challenge in the design of µTAS devices, as most 
analytes are contained in complex matrices that require significant purification and concentration 
to allow for analyte detection. In this study, we have shown that functionalized PVA nanofibers 
have the potential to address this challenge through the selective binding and release of 
particulates or analytes within samples. Functionalized PVA nanofibers were incorporated into 
PMMA microchannels to allow for filtration of negatively charged liposomes out of a buffer 
solution. Positively charged Polybrene nanofibers were shown to successfully bind liposomes, 
while negatively charged Poly(MA) nanofibers were shown to repel the liposomes. Further, we 
determined that nanofiber mats above 20 µm thick demonstrated optimal liposome filtration. 
Finally, we demonstrated that bound liposomes can be selectively released from the nanofiber 
mats using a HSS solution of pH 8.5. Future work will focus on the purification and 
concentration of analytes from real complex matrices. Here, isolation of diluted analytes from 
Figure 3.7 Analysis of liposome retention within Polybrene-modified PVA nanofibers during pH7 
and pH 8.5 wash. (A) Fluorescence image of channel during pH 7 wash (B) Fluorescence image of 
channel during pH 8.5 wash 
Unbound liposomes 
are washed out of the 
channel 
Bound liposomes remain 
attached to the nanofibers 
during wash step 
Bound liposomes 
are released from 
the nanofibers 
due to pH change 
of solution 
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solution within a small nanofiber mat can be accomplished and combined with detection of the 
bound or released analytes leading to  the development of lab-on-a-chip devices with integrated 
functionalized nanofibers.  
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CONCLUSIONS AND FUTURE OUTLOOK 
The incorporation of nanoscale materials within biosensors is being investigated as a 
means of detecting low concentrations of analytes without utilizing amplification processes such 
as PCR and NASBA. These materials are characterized by extremely large surface areas, 
resulting in an increased number of binding sites for biological recognition element 
immobilization. Additionally, nanoscale materials can allow for faster mass transfer rates, 
ultimately resulting in lower limits of detection and faster analysis than what is seen in 
traditional sensors. While carbon nanotubes have been successfully used within electrochemical 
biosensors, their performance is highly dependent on their morphology, which can be difficult to 
precisely control during synthesis. Consequently, nonwoven nanofiber mats and arrays are being 
examined as an alternative for sensitive analyte detection.  
 Nanofiber mats and arrays can provide a much larger functionalized surface area than 
other nanomaterials, further increasing the number of immobilization sites within a sensor. In 
addition, nanofibers can be made from a range of biocompatible materials and can be 
functionalized using other nanoscale materials, such as gold nanoparticles and biological 
molecules. Finally, most methods of nanofiber synthesis are well understood and can 
reproducibly produce nanofiber mats or arrays with specific morphologies and mechanical 
properties.     
Currently, many groups are using nanofibers to increase electrode surface area or allow 
for high density enzyme immobilization within electrochemical biosensors. In general, the 
increased surface area provided by the nanofibers does result in improved biosensor sensitivity 
and lower limits of detection when compared to conventional sensors. In addition, utilizing 
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nanofiber mats has been shown to increase the functional surface area available for detection 
when compared to other nanomaterials, such as carbon nanotubes. Vertically aligned carbon 
nanofiber arrays, on the other hand, are encapsulated within polymer matrices and do not show 
an improvement in terms of available surface area when compared to carbon nanotubes. They do, 
however, allow for more sensitive detection than that seen in traditional sensors.  
 While the ability of nanofiber mats to improve electrochemical detection through 
increasing the surface area of already-existing electrodes has been extensively shown, the use of 
conductive nanofibers to form electrodes within a microfluidic channel has yet to be 
demonstrated. The creation of high surface area electrodes out of conductive electrospun 
nanofibers within microfluidic channels should be investigated. This could result in simpler 
device fabrication, requiring no complex photolithography steps. In addition, it could allow for 
the design of easily functionalized electrodes through the inclusion of nanoscale materials within 
the nanofiber spinning dopes. For instance, gold nanoparticles could be electrospun within the 
fibers to facilitate electron transfer in the resulting electrodes. In addition, biological molecules, 
such as enzymes, could also be incorporated within the nanofibers to permit analyte detection.    
 In this work, we also demonstrate the feasibility of using functionalized electrospun 
nanofibers for sample preparation within microfluidic biosensing devices. Nanofiber mats spun 
across a microfluidic channel form a high surface area filter capable of selectively binding 
particulates or analytes out of a solution. Preliminary studies demonstrated the feasibility of 
using positively charged nanofibers to filter negatively charged nanovesicles out of a buffer 
solution. This same simple technology is currently being applied to the concentration and 
detection of E. coli in apple juice.  
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Using electrospun nanofibers to perform sample preparation within a microfluidic 
biosensor has the advantage of allowing sample purification and concentration to take place 
within the same device as analyte detection. This, in turn, allows for the design of complete Lab-
on-a-chip devices that can make analyte detection much more accessible to third world countries, 
rural areas, and point-of-care facilities where the laboratory equipment traditionally needed for 
sample preparation are not available. While current studies utilize a single nanofiber mat to 
perform sample preparation within a microfluidic device, the technology could easily be 
expanded to create microfluidic channels containing multiple nanofiber mats with different 
functionalities. This would make it possible to perform several sample preparation steps to take 
place within the channel, allowing us to work with more complex sample matrices. Additionally, 
utilizing multiple nanofiber mats, or single heterogeneous nanofiber mats, could allow for 
multiplexed analyte detection. Different configurations of nanofiber mats, such as tufts of 
nanofibers within a channel, should also be investigated to allow for biorecognition element 
immobilization.  
Nanofiber mats and arrays have been shown to improve biosensor performance through 
increasing the functional surface area and improving mass transfer rates over those seen in 
conventional materials. Though nanofibers are currently almost exclusively used within 
electrochemical biosensors, their wide range of functionalities and easy synthesis make them 
ideal candidates for use within a wide variety of biosensors. Further work should concentrate on 
utilizing the many different nanofiber functionalities available to create lab-on-a-chip devices 
that can perform all sample preparation and analyte concentration without the use of additional 
laboratory equipment.   Additionally, electrospun nanofibers should be investigated as a means 
of performing sample purification, concentration, and analyte detection within paper-based 
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microfluidic biosensors. Nanofiber mats with various functionalities could be incorporated as 
layers within three dimensional paper-based sensors to provide sample purification or 
concentration as the sample flows through the mats.  Their simple and inexpensive fabrication 
make electrospun nanofibers suitable for use within the paper-based sensors, which aim to 
provide affordable and easy-to-use diagnostics to areas where laboratory equipment is generally 
not available. Utilizing electrospun nanofibers for sample preparation in these and other 
biosensing devices could help increase the accessibility of diagnostic devices and allow for 
detection using smaller sample volumes than currently used.    
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